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Abstract 

In this study, two green (Chlorella sp. and Ankistrodesmus sp.) and two blue-green (Oscillatoria sp. and Chroococcus sp.) 
species of microalgae, which were obtained from a native microalgae culture collection from Turkey, were cultivated 
and investigated via capillary GC to determine their fatty-acid profiles. Growth media were chosen with consideration 
of the biological properties of each algae species. Our results, as well as other published data, show that fatty-acid 
composition offers discriminating features that allow the chemotaxonomic classification of these algae. Fatty-acid 
profiles and lipid contents in microalgal biomass varied between species. The microalgae containing the highest 
proportion of lipid in its biomass was in Chroococcus sp. (1.72%), while that containing the lowest was Ankistrodesmus 
sp. (0.14%). The major fatty acids in Chlorella sp. were C18:0 (26.70%), C18:1 (23.48 ± 0.0005%) and C16:0 (21.05%). 
C18:1 was the major fatty acid in the other three species of microalgae: Ankistrodesmus sp. (36.83 ± 0.0007%), 
Oscillatoria sp. (38.51%) and Chroococcus sp. (47.96%). EPA, a nutritionally important polyunsaturated fatty acid, was 
not observed in Chlorella sp. but was detected in Ankistrodesmus sp., Oscillatoria sp. and Chroococcus sp. at proportions 
of 0.35%, 0.30% and 0.62%, respectively.  In addition, another essential PUFA, DHA, was observed in all microalgae 
species in varying amounts.  
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1. Introduction

Algae, a group of autotrophic and eukaryotic organisms, have been used for centuries as a food by native peoples, 
especially in Asian countries, such as China, Japan and Korea. This has led to the utilization of algae as a food supplement 
for undernourished people in many parts of the world, due to their high protein content (˜65%), high digestibility and 
specific amino-acid content.  Algae can produce organic compounds, such as polyunsaturated fatty acids, amino acids, 
vitamins, etc., with the aid of simple inorganic sources when growth parameters, e.g., nutrient quantity and quality, light, 
pH, turbulence, salinity and temperature, are optimized. 

Polyunsaturated fatty acids (PUFAs) are fatty acids of 18 carbons or more in length containing two or more methylene-
interrupted double bonds in the cis position, and they are essential nutrients for humans that can only be obtained from 
food. These fatty acids can be grouped into two main families, ω-6 (or n-6) and ω-3 (or n-3), depending on the position 
of the first double bond nearest to the methyl end of the fatty acid. Both ω-6 and ω-3 long-chain polyunsaturated fatty 
acids (LC-PUFAs) are structural components of cell membranes that modulate membrane fluidity and permeability 
[1,2]. 

Additionally, LC-PUFAs serve as precursors for several biologically active molecules, such as eicosanoids, growth 
regulators and hormones, which exhibit hormonal and immunological activity [3]. 
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The properties of LC-PUFAs have recently garnered considerable interest because they have numerous nutraceuticals 
and pharmaceutical applications [4,5]; in particular, the vascular- protective effects of long-chain ω-3 fatty acids are 
well-documented. Eicosapentaenoic acid (EPA, C20:5 ω-3) and docosahexaenoic acid (DHA, C22:6 ω-3) are known to 
affect the human lipid profile, vascular tone and blood coagulation and have clinical importance in the treatment of 
atherosclerosis, cancer, rheumatoid  arthritis,  psoriasis  and  diseases  such  as  Alzheimer’s  [6]. Arachidonic acid (ARA, 
C20:4 ω-6) and DHA are especially vital in the brain and blood vessels, are involved in the development and maturation 
of neuronal structures, and have been shown to be essential throughout the entire life span for the maintenance of 
normal nervous system function, as well as post-natal brain and retina development [7–9]. 

The ω-6 and ω-3 PUFAs are derived from linoleic acid (LA, C18:2 ω-6) and α-linolenic acid (ALA, C18:3 ω-3), 
respectively. Humans are incapable of synthesizing these two fatty acids due to a lack of the Δ12- and Δ15-desaturases. 
However, humans can metabolize these two fatty acids once they are obtained from the diet and subsequently form 
longer and more unsaturated PUFAs through a series of desaturation and elongation steps.  

The principal dietary sources of PUFAs are marine fish oils and plant seed oils. Because recovering PUFAs from fish oil 
is expensive and plant sources are limited, alternative sources are being studied extensively [10]. Microbial lipids with 
compositions similar to plant oils and animal fats have often been considered as substitute oil and fat resources [11]. 
Microorganisms are considered to be abundant sources of oil and fats because their membranes and membranous 
structures always contain lipids [12]. 

Microalgae are known to synthesize multi-bioactive compounds, including fatty acids, proteins and amino acids, among 
others. Microalgae produce high levels of ω-3 PUFAs and are promising sources for production of selected fatty acids 
with large-scale culture technologies [13]. Algal fatty acids can be obtained through photoautotrophic, heterotrophic 
and mixotrophic cultivation techniques. Although photoautotrophic production is often limited by insufficient light, a 
result of the shade caused by cell growth, algal oil has been successfully produced based on photoautotrophic growth 
[14,15]. Much effort is being devoted to developing a commercially feasible technology to produce “oil” directly from 
microalgae [15]. As the prices for most bulk plant oils are relatively low, and animal fats are even cheaper, it is unlikely 
that microbial production processes for oils resembling these ‘common’ oils can ever be commercially viable. Evidently, 
to develop economically feasible oil production processes for cultivation of oleaginous microalgae in bioreactors, it is 
important that the oils or fatty acids are produced at a high rate and are of sufficiently high value, i.e., they contain a 
high proportion of PUFAs or a specific PUFA. In this paper, fatty-acid profiles of four native green and blue-green 
microalgae were reported.  

2. Material and methods 

2.1. Materials 

Algal cultures were supplied from GAZI-MACC (Collection of Tahir Atici, Gazi University Microalgae Culture Collection, 
Ankara, Turkey). The green algal strains examined were Chlorella sp. and Ankistrodesmus sp., and the blue-green algal 
strains were Oscillatoria sp. and Chroococcus sp. (Figure 1).  

 

Figure 1 The examined native microalgae species’ stock cultures 

The cells were pre-cultivated in 250 mL Erlenmeyer flasks containing 50 mL BG-11 Medium (for the blue-green algae) 
or Bold’s Basal Medium (for the green algae) for a period of 15 days. After pre-cultivation, cells were transferred into 2 
L Erlenmeyer flasks containing 1000 mL BG-11 or Bold’s Basal, which were shaken orbitally at 150 rpm in a shaker 
incubator. The incubation was carried out at 28 ± 2 °C for 30 days with continuous illumination from above at a light 
rate of 12:12 (h/h). Throughout the incubation, the growth period and algal cell optical density of each microalgae 
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species were obtained by spectrophotometric measurement, as described by Liang et al [16], based on the cell density 
during cultivation. 

2.2. Harvest and analysis 

Algal cells were harvested in the stationary phase by vacuum filtration through a double thickness of Whatman GF/A 
filter paper, then washed with distilled water (2 x 500 mL). The method of Folch et al. [17] was used for lipid extraction. 
Approximately 5 g wet cells were extracted into 150 mL chloroform/methanol mixture (2:1, v/v) at room temperature 
for 24 h. Cell debris was removed from the organic phase by filtration and washed with 50 mL chloroform/methanol 
(2:1, v/v). The two organic extracts were transferred into a separating funnel and washed twice with 100 mL of distilled 
water. After each washing, the organic phase was retained. Residual water was removed with anhydrous magnesium 
sulphate (MgSO4) and the solvent was evaporated under vacuum until absolute dryness was achieved. Lipid material 
was dissolved in a minimal volume of diethyl ether and quantitatively transferred to a pre-weighed vial. The ether was 
subsequently removed under a stream of nitrogen. The sample was dried in a vacuum desiccator over phosphorus 
pentoxide (P2O5) for 24 h, then reweighed. 

Cold esterification was carried out to obtain fatty-acid methyl esters (FAMEs) of the algal lipids according to the 
International Union of Pure and Applied Chemistry (IUPAC) method. The FAMEs were analysed using a gas 
chromatograph (Agilent 6890N, Hewlett-Packard Co., USA) equipped with a flame ionization detector and a capillary 
column (Agilent DB23 column) operating on a split mode. The oven temperature was programmed as follows: the initial 
temperature, 130 °C, was raised to 170 °C at a rate of 6.5 °C/ min and was held at this temperature for 1 min; then, it 
was increased at a rate of 2.15 °C/min to 215 °C, held at this temperature for 12 min, and then increased to 230 °C and 
held at this temperature for 3 min. Nitrogen was used as the carrier gas, and the sample injection volume was 1 μL. 
Peaks were identified by comparing their retention times to authentic standards analysed under the same conditions. 
Peak areas resulting from triplicate injections were measured with an HP computing integrator. Results were expressed 
as percent total fatty acids. 

3. Results and discussion 

The cell growth profiles of microalgae species were presented in Fig 2. Also, biomass weights and total lipid content 
were shown in Table 1.  

 

Figure 2 Growth profile of native microalgae species (optical density per day). 

The fatty-acid composition of the total cellular lipids provides information that is potentially interesting for algal 
taxonomy. However, caution should be taken when interpreting the available information regarding fatty acid 
composition from algae. Many factors affect fatty-acid composition, such as growth stage, irradiance, temperature, 
nutrients, salinity and the depth under water during growth. 

Dried algal samples always exhibit a lower PUFA content because these compounds are very susceptible to oxidation. 
The degree of PUFA loss depends on the species; texture; time of exposure to sunlight, high temperature or air; and 
storage time and conditions [18]. The results obtained by extracting fatty acids from freeze-dried samples that were 
kept in a dark, dry and cold place for months, as well as those from fresh samples stored in a freezer at a temperature 
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less than -70 °C over a period of months, still proved acceptable, but were not as good as the results obtained from 
freshly extracted algae. The true fatty acid profile can only be obtained from freshly collected algal samples that are then 
immediately extracted and analysed [19]. 

The biomass of Chlorella sp. was two-fold higher than that of Ankistrodesmus sp.; however, there was a three-fold 
difference in the total lipid contents of these two algae.  Oscillatoria sp.  was determined to have two-fold higher biomass 
than Chroococcus sp.; however, conversely, the lipid content of Chroococcus sp. was two-fold higher. Lipid contents 
measured in the dry biomass of the examined microalgae species were between 1.24% and 15.13% (Table 1). 
Chroococcus sp. had the highest lipid content in its biomass, 15.13%, which was similar to data previously reported for 
Chlorella sp. and Chroococcus sp. [20–22]. 

Table 1 Total lipid contents and biomass weights of microalgae species 

Microalgae Wet biomass 

(g.l-1) 

Dry biomass 

(g.l-1) 

Lipid*  

(%) 

Chlorella sp. 21.9627 2.4958 3.58 

Ankistrodesmus sp. 11.2871 1.2826 1.24 

Oscillatoria sp. 16.2162 1.8428 8.36 

Chroococcus sp. 8. 3274 0.9463 15.13 

* %  dry weight biomass 
 

Cells sampled during the stationary phase were used for fatty-acid analysis. The fatty-acid compositions of the total lipid 
contents, determined by capillary gas chromatography, as well as the total lipid contents of the four microalgae, are 
presented in Table 1. The results of the present investigation revealed differences in fatty-acid compositions among the 
four species of algae examined. The data indicated the presence of 26 fatty-acid compounds with different chain lengths, 
ranging from 8 to 24 carbons. Although polyunsaturated fatty acids were not the dominant fatty acids, their contents 
ranged from 3.36% in Chroococcus sp. to 17.61% in Chlorella sp. The content of unsaturated fatty acids was higher in 
the blue-green algae species than in the green algae species. 

Table 2 Saturated fatty acid profiles of native microalgae species 

(%) Chlorella sp. Ankistrodesmus sp. Oscillatoria sp. Chroococcus sp. 

C8:0 nd 1.01 ± 0.0014 nd 0.39 ± 0.0004 

C10:0 nd 0.24 ± 0.0002 nd nd 

C12:0 0.24 ± 0.0006 0.25 ± 0.0004 0.26 ± 0.0007 0.37 ± 0.0004 

C14:0 0.94 ± 0.0001 0.99 ± 0.0005 0.89 ± 0.0004 1.24 ± 0.0005 

C15:0 0.44 ± 0.0007 0.45 ± 0.0014 0.43 ± 0.0002 0.85 ± 0.0007 

C16:0 21.05 ± 0.0089 19.94 ± 0.0011 15.87 ± 0.0011 6.99 ± 0.0009 

C17:0 1.40 ± 0.0042 0.44 ± 0.0056 0.43 ± 0.0005 nd 

C18:0 26.70 ± 0.0001 19.83 ± 0.0028 15.83 ± 0.0011 12.85 ± 0.0011 

C20:0 0.65 ± 0.0002 trace trace 1.28 ± 0.0014 

C22:0 0.28 ± 0.0001 1.34 ± 0.0004 nd 0.65 ± 0.0001 

C23:0 0.68 ± 0.0002 0.35 ± 0.0004 1.03 ± 0.0014 1.10 ± 0.0002 

C24:0 trace 0.30 ± 0.0007 trace nd 

SFA  52.38 45.14 34.74 25.72 
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In the analysed microalgae species, stearic acid (C18:0) and palmitic acid (C16:0) were the most abundant saturated 
fatty acids (Table 2). The total proportions of saturated fatty acids (SFAs) and monounsaturated fatty acids represented 
25.72% to 52.38% and 28.87% to 70.92% of the total fatty acids, respectively. The proportion of all SFAs was 
considerably higher in the green algae species (Chlorella sp. and Ankistrodesmus sp.) than in the blue-green species. The 
content of C18:0 was highest in Chlorella sp., representing 26.70% of the total FAMEs, and lowest in Chroococcus sp., 
representing 12.85% of the total FAMEs. Palmitic acid content varied from 6.99% to 21.05%. Lauric acid (C12:0), 
myristic acid (C14:0), pentadecanoic acid (C15:0) and tricosacoic acid (C23:0) were detected in the algae species tested, 
but in small quantities. Caprylic acid (C8:0), capric acid (C10:0), heptadecanoic acid (C17:0), eicosanoic acid (C20:0), 
docosanoic acid (C22:0) and tetracosanoic acid (C24:0) were found either in trace levels or not detected. It is interesting 
to note that the average percentage of these minimally detected saturated fatty acids was slightly higher in Chroococcus 
sp. compared to Oscillatoria sp. or either of the green algae species. 

Among the monounsaturated fatty acids (MUFAs), oleic acid (C18:1, cis-9) was the most abundant fatty acid in all algae 
examined; the observed proportions of oleic acid ranged from 23.48% to 47.96%, with an average of 36.70% (Table 3).  

High concentrations of oleic acid were observed in the blue-green algae and Ankistrodesmus sp., representing more than 
35% of the total FAMEs of these species. The total content of MUFAs was 60.63% to 70.92% in the blue-green algae and 
was found to be higher in Ankistrodesmus sp. than in Chlorella sp. Despite its relatively low biomass, Chroococcus sp. 
was found to produce the highest proportion of unsaturated fatty acids, 74.28%, mainly consisting of monounsaturated 
(70.92%). Oscillatoria sp., which exhibited a two-fold higher biomass production, was also a good source of MUFAs 
(60.63%) [23]. Rezanka et al [24] and Patil et al [21] reported that palmitic acid was the dominant fatty acid in most 
algae, with proportions of 24.13% and 21.30% respectively. However, the results of this research contradicted that 
finding. 

Table 3 Monounsaturated fatty acid profiles of native microalgae species 

(%) Chlorella sp. Ankistrodesmus sp. Oscillatoria sp. Chroococcus sp. 

C14:1, cis-9 0.50 ± 0.0004 1.25 ± 0.0004 3.63 ± 0.0056 0.91 ± 0.0002 

15:1, cis-10 0.37 ± 0.0056 0.48 ± 0.0028 8.41 ± 0.0005 8.54 ± 0.0002 

C16:1, cis-9 0.82 ± 0.0014 6.19 ± 0.0042 6.08 ± 0.0014 3.67 ± 0.0014 

C17:1, cis-7 1.26 ± 0.0014 0.37 ± 0.0002 0.57 ± 0.0007 1.12 ± 0.0007 

C18:1, cis-9 23.48 ± 0.0005 36.83 ± 0.0007 38.51 ± 0.0056 47.96 ± 0.0039 

C18:1, trans-9 2.19 ± 0.0001 1.66 ± 0.0002 2.09 ± 0.0056 7.81 ± 0.0084 

C20:1, cis-11 0.42 ± 0.00003 0.26 ± 0.0004 0.34 ± 0.0002 0.91 ± 0.0005 

MUFA  28.87 47.31 60.63 70.92 

LA, ALA, eicosatrienoic acid (C20:3 all cis-5,8,11; ω-9), EPA and DHA were the predominant PUFAs observed as seen in 
Table 4. The quantity of LA averaged from 0.30% of the total FAMEs in Oscillatoria sp. to 1.46 % of the total FAMEs in 
Chlorella sp. Algal fatty acid studies are based principally on EPA, DHA and ARA production [19,21,22,25–30].  

Nitzschia sp., Crypthecodinium sp., Porphyridium sp., Schizochytium sp. and Chlorella sp. are the most widely studied 
species. In the present study, the corresponding PUFAs, i.e., the total content of polyunsaturated fatty acids with C18, 
C20 and C22, accounted for 3.36% to 17.61% of the total FAMEs, with the highest proportion observed in Chlorella sp. 
Contrary to the marine species of Chroococcus sp., which Patil et al. [21] determined an 11.9%, the lowest PUFA 
proportion observed in the native fresh Chroococcus sp. There were large variations in the PUFA contents between all 
species examined. Eicosatrienoic acid and ARA were detected only in Chlorella sp. in very trace amounts. DHA was 
detected in all species in proportions from 0.28% to 2.22%. The highest quantity of DHA was detected in Oscillatoria sp. 

Ahlgren et al [31] reported that blue-green algae can synthesize ω-3 fatty acids in higher quantities than green algae 
can. However, in the present study, among the four microalgae examined, the green algae species (Chlorella sp. and 
Ankistrodesmus sp.) were found to accumulate more ω-3 fatty acids than the blue- green algae species, mainly due to 
comparatively greater synthesis of α-linolenic acid (C18:2 all cis-9,12,15). 
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Table 4 Polyunsaturated fatty acid profiles of microalgae species 

(%) Chlorella sp. Ankistrodesmus sp. Oscillatoria sp. Chroococcus sp. 

C18:2, CIS-9,12 1.46 ± 0.0002 0.39 ± 0.0012 0.30 ± 0.0007 0.35 ± 0.0011 

C18:3, CIS- 9,12,15 11.78 ± 0.0004 6.45 ± 0.0070 1.48 ± 0.0014 0.91 ± 0.0005 

C20:3, CIS- 5,8,11 2.83 ± 0.0002 nd nd ND 

C20:4, CIS- 5,8,11,14 Trace nd nd ND 

C20:5, CIS- 5,8,11,14,17 Trace 0.35 ± 0.0007 0.30 ± 0.0005 0.62 ± 0.0002 

C22:6, CIS- 4,7,10,13,16,19 1.54 ± 0.0007 0.28 ± 0.0002 2.22 ± 0.0056 1.48 ± 0.0007 

PUFA  17.61 7.47 4.30 3.36 

 
A low ratio of ω-6 to ω-3 PUFAs has often been cited as an index of high nutritional value [32]. The ratios calculated 
from tables indicated the nutritional values to be 1.46: 13.32 for Chlorella sp, 0.39: 7.08 for Ankistrodesmus sp, 0.30: 
4.00 for Oscillatoria sp, and 0.30: 3.01 for Chroococcus sp. The results of this study showed that the percentage of ω-6 
fatty acids synthesized by these algae is comparably low. Because most foods consumed in Europe possess a ω-6: ω-3 
ratio between 15:1 and 17:1, these values suggest that algae consumption could be beneficial for health. Furthermore, 
the occurrence of ALA and DHA in these algae is of considerable dietary value because the addition of these ω-3 PUFAs 
to the diet has been reported to promote growth, strengthen cell membrane integrity, and improve heart function, 
circulatory function and mental health [33–35].  

The proportion of ω-9 fatty acids varied between 28.43% of the total FAMEs in Chlorella sp. and 61.26% of the total 
FAMEs in Chroococcus sp. Furthermore, the examined algae species contained ω-7 fatty acids, as well as trans fatty acids. 
The analysis of the data revealed that in the green and blue-green algae species tested, approximately 98% of their total 
FAME contents consisted of long-chain fatty acids (LCFAs; longer than 12 carbons). In contrast, short-chain fatty acids 
(SCFAs; fewer than 6 carbons) were not detected in the algae species investigated. The proportions of medium-chain 
fatty acids (MCFAs; 8 to 12 carbons) were very low, varying between 0.39% to 1.25% of the total FAMEs, and no MCFAs 
were detected in Chlorella sp. and Oscillatoria sp. It is known that algae represent an important source of LCFAs that are 
fundamental for the formation of important structural lipids and elements of cell membranes. 

4. Conclusion 

Microalgae have long been considered as a promising feedstock for biomass production. On the other hand, they have 
been explored for their unique potential to yield a variety of biofuels concomitantly with generation of value-added 
products and phycoremediation of wastewater [36]. The cultivation of microalgae is a significant factor. The choice of 
cultivation system and conditions has to be emphasized because the phycoremediation efficiency and the yield of 
biofuels and other value-added products would largely depend on it. Also significant is the composition of fatty acids of 
the different microalgae species, as they can have a significant effect on the characteristics of biomass to be used. 

The presented study was investigated the total lipid content and fatty-acid distribution of two green and two blue-green 
fresh microalgae species, which were isolated Turkey. Oleic acid was the most abundant fatty acid in all algae examined, 
followed by palmitoleic acid. The concentration of oleic acid was high in blue-green algae and Ankistrodesmus sp. 
Hexadecenoic acid and stearic acid were the major monounsaturated fatty acids observed. The fatty-acid contents 
varied remarkably among microalgae grown under the same heterotrophic culture processes. LA, ALA, EPA and DHA 
represented the predominant proportions of PUFAs. The low ratio of ω-6 to ω-3 PUFAs was noteworthy because it 
represents a high index of nutritional value. The investigation of these native microalgae verified the presence of several 
health-promoting and beneficial fatty acids, such as long-chain unsaturated fatty acids. However, consequence of fatty 
acid profiles showed that Chlorella sp. and Ankistrodesmus sp. biomasses were ideal for the biofuel potential, where 
Chroococcus sp. and Oscillatoria sp. were ideal for food and feed applications.  
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